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ABSTRACT: We review recent progress in the development of
two-dimensional (2-D) photonic crystal (PC) materials for chemical
and biological sensing applications. Self-assembly methods were
developed in our laboratory to fabricate 2-D particle array
monolayers on mercury and water surfaces. These hexagonal arrays
strongly forward Bragg diffract light to report on their array spacings.
By embedding these 2-D arrays onto responsive hydrogel surfaces,
2-D PC sensing materials can be fabricated. The 2-D PC sensors
utilize responsive polymer hydrogels that are chemically function-
alized to show volume phase transitions in selective response to
particular chemical species. Novel hydrogels were also developed in
our laboratory by cross-linking proteins while preserving their native
structures to maintain their selective binding affinities. The volume
phase transitions swell or shrink the hydrogels, which alter their 2-D array spacings, and shift their diffraction wavelengths. These
shifts can be visually detected or spectrally measured. These 2-D PC sensing materials have been used for the detection of many
analytes, such as pH, surfactants, metal ions, proteins, anionic drugs, and ammonia. We are exploring the use of organogels that
use low vapor pressure ionic liquids as their mobile phases for sensing atmospheric analytes.

The need for sensitive and selective detection of hazardous
chemicals and biological species has increased in

importance due to the concern associated with environmental
toxins and terrorist chemical threats.1−8 It is important to
identify and quantitate hazardous chemicals and biological
agents before their concentrations reach dangerous levels. The
ideal sensing technology would be portable, inexpensive, and
able to selectively and sensitively detect hazardous species with
few false positives.
There are numerous methods presently used to detect

chemical species. These include sophisticated analytical
techniques such as chromatography, mass spectrometry,
electrochemistry, fluorescence, Raman, and many others.9−16

However, these approaches have the disadvantages of being
expensive because they utilize sophisticated equipment and
require the use of highly trained personnel. The optimal
chemical and biomolecular sensing technology would be
inexpensive and require minimal sample preparation. Photonic
crystal (PC) sensors have the possibility to be developed into
point-of-care type devices that will give fast, visual detection of
analytes through colorimetric determinations of concentration.
These two-dimensional (2-D) PC sensors, along with the
similar three-dimensional (3-D) PC sensors, could revolu-
tionize at home testing for chemical or biological analytes like
the glucose sensor did for diabetics. These sensors could also be
useful for detection in the field to give timely results when
facilities with advanced instrumentation are hundreds of miles
away.
Some time ago, we pioneered a visually evident chemical

sensing technology that utilized 3-D photonic crystals

(PCs).17−28 This technology incorporates face-centered-cubic
(fcc) arrays of colloidal particles within smart responsive
hydrogels, which contain chemical recognition agents that
actuate hydrogel volume changes (Figure 1a). These volume
changes alter the interparticle spacings, which shift their array
diffraction wavelengths. The diffracted wavelengths have very
bright, easily visually determined diffraction colors.
For the 3-D PC sensors, the array embedded in the hydrogel

was formed by the electrostatic self-assembly of particles in
aqueous solutions that contain polymerizable monomers. The
monomers were then photopolymerized around the nonclose
packed 3-D PC array (Figure 1a). The array spacing was much
larger than the particle diameter. The swelling or shrinkage of
the responsive hydrogel leads to the change in the Bragg
diffraction of the 3-D PCs. Thus, the sensing could occur either
through swelling or shrinking of the responsive hydrogel. The
PC hydrogel was then functionalized with molecular recog-
nition agents that actuated the hydrogel volume changes. 3-D
PC sensors were fabricated for analytes such as glucose, metal
cations, creatinine, organophosphorus compounds, pH, etha-
nol, and ammonia.2,11,17−25,28 More recently other research
groups used related methods to fabricate 3-D PC sensing
hydrogels by polymerizing hydrogels around particle ar-
rays.29−37 Sensors were developed for detection of protein
kinase activity,30 glucose,31−33 Hg2+,34 ionic strength,35

humidity,36,37 etc. These hydrogel sensors were able to sense
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analytes in predominantly aqueous samples. Most recently, 3-D
PC organogels have been fabricated that utilize ionic liquids as
their mobile phase.38 This enables them to be stable under
ambient conditions because of their low vapor pressures.
Further, ionic liquid organogels were demonstrated to undergo
volume phase transitions that altered the particle array spacings
due to changes in the hydrophobicity of the ionic liquid mobile
phase.39

A major limitation to the fabrication of these 3-D PC sensors
is that the array cannot electrostatically self-assemble in
solutions that contain significant concentrations of ions. In
addition, the hydrogel polymerization and the attaching
hydrogel molecular recognition chemistry must avoid disorder-
ing the fcc particle array. This limits the chemistry that can be
utilized to fabricate these 3-D PC sensors.

■ OVERVIEW OF 2-D PC CHEMICAL SENSING
TECHNOLOGY

Most recently, we developed a new PC sensing technology that
avoids these chemical limitations. A 2-D PC is conveniently
attached to the smart, responsive hydrogel surface post 2-D
array self-assembly. The diffraction from the 2-D array is used
to monitor the responsive hydrogel volume (Figure 1b).
We developed simple, efficient processes to fabricate 2-D

array monolayers of ∼500 nm polystyrene (PS) particles on
mercury or water surfaces. 2-D arrays of ∼500 nm PS particles
very efficiently forward diffract >70% of the incident light.40,41

A perfect single crystal hexagonal array diffracts monochromatic
light into a hexagonal array of spots (Figure 2).42 For
polychromatic light the diffracted light would appear as
hexagonally dispersed spectral rainbows because each wave-
length diffracts at different angles.
If monodisperse spherical particles are spread quickly onto a

surface, the colloidal particles self-assemble into randomly
oriented, hexagonally ordered 2-D array microcrystallites.43,44

In this case monochromatic light diffraction from the
microcrystal ensemble gives rise to a Debye ring.41,45 For

Figure 1. (a) 3-D crystalline colloidal arrays (CCA) self-assembled because of electrostatic repulsion between particles. The spacings are ∼200 nm,
such that they diffract visible light. Polymerized CCA (PCCA) are formed by polymerizing a cross-linked hydrogel networks around CCA. The
hydrogel is functionalized with a molecular recognition agent, which interacts with the analyte to actuate either shrinking or swelling. This alters the
CCA spacing, which shifts the diffracted wavelength and changes the diffracted color. (b) 2-D CCA sensing materials are formed by attaching a 2-D
CCA onto a hydrogel containing functionalized recognition groups.

Figure 2. A PS 2-D array fabricated using 650 nm (in diameter)
particles normally irradiated by a green laser pointer (λ = 532 nm)
shows a hexagonal array of diffraction spots.
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white light, the different wavelength rings are dispersed radially,
with longer wavelengths diffracted at higher scattering angles.
Responsive hydrogel volume changes are monitored by

measuring the 2-D diffraction. We either irradiate the 2-D array
with white light at a specific angle and measure the diffracted
wavelength at the same angle or we use a monochromatic light
laser pointer at normal incidence to measure the angle at which
the laser wavelength diffracts.40,41,45

To prepare 2-D PC responsive hydrogel sensors, we first
synthesize smart, responsive hydrogels and then attach the 2-D
arrays onto the hydrogel surfaces.40,43−50 As described below
we developed efficient methods to assemble 2-D array
monolayers on water surfaces. These monolayers sponta-
neously flow onto wet hydrogel or wet glass substrate surfaces
that contact the 2-D array monolayers.46

Alternatively, the responsive hydrogel monomer solutions
can be layered on top of a 2-D array attached to a glass surface
then polymerized. The 2-D array remains attached to the
hydrogel after it is peeled off the glass side. For sensing
applications we generally place the 2-D array hydrogel on a
mirrored surface to back diffract the forward diffracted light.41

Figure 3 shows a typical procedure for fabricating 2-D PC
sensors.
These 2-D PC sensor fabrication methods have the

advantage that the responsive hydrogels are fabricated
independently of the 2-D array self-assembly. The ordered 2-
D array is either polymerized onto the surface or is attached to
the surface after completion of the responsive hydrogel
synthesis. We recently demonstrated the use of these 2-D PC
sensors for determining pH, metal cations, carbohydrates,

avidin, and concanavailin A (Con A) proteins, surfactants,
anionic drugs, humidity, and ammonia.40,43−50

Other research groups recently developed similar methods to
fabricate 2-D PC sensing materials. Li et al. developed a 2-D
inverse opal45 polyvinylpyridine hydrogel for pH sensing.51 Xue
et al. used our 2-D array sensing approach to develop a 2-D
phenylboronic acid functionalized hydrogel for glucose
sensing.52

■ FABRICATION OF LARGE AREA 2-D ARRAYS
Numerous methods have been used to assemble colloidal
particle into 2-D arrays on solid and liquid interfaces.53−56 2-D
colloidal particle arrays can be formed by methods which
include evaporation induced convective self-assembly, spin-
coating, electrophoretic deposition, epitaxial crystallization in
an external alternating electric field, and by using Langmuir−
Blodgett approaches.57−61

2-D CCA monolayers easily self-assemble at interfa-
ces.42,62−65 For example, Rybczynski et al. reported the self-
assembly of PS latex particles on a water surface by applying a
particle suspension onto the surface of a clean silicon wafer
immersed into a clean vessel which was filled with water. The
PS particles initially formed a disordered monolayer on the
water surface. This PS monolayer assembled into a highly
ordered CCA upon addition of sodium dodecyl sulfate (SDS).
Well-ordered PS particle monolayers could then be lifted from
the water surface by the previously immersed silicon wafer.62 In
another example, Vogel et al. prepared close packed particle
CCA at air/water interfaces by applying colloidal particle
dispersions in 50 vol % ethanol−water mixtures to the water
surface. The particle dispersion was spread onto the water
surface by flowing the dispersion down a glass slide partially
immersed into the H2O at a tilt angle of ∼45°. A small amount
of SDS was added to the H2O phase prior to the spreading of
the colloids. A hydrophilic substrate was immersed in the water
to transfer the monolayer.65

We demonstrated an especially easy method to prepare very
large area 2-D arrays by spreading low surface tension colloidal
particle/alcohol−water dispersions onto mercury (Hg) surfa-
ces.40,43 The Hg surface, which is molecularly smooth and
mobile, enables well-ordered 2-D CCA formation. The density
of Hg is quite high (13.5 g/cm3), and it has a very high surface
tension of 485 mN/m. This enables the colloidal suspension to
rapidly spread as the solvent evaporates. When the liquid film
thickness becomes close to the particle diameter, the lateral
capillary forces cause the particles to attract and form close
packed 2-D hexagonal arrays on the Hg surface. The 2-D array

Figure 3. Fabrication of 2-D PC hydrogel sensors. (a) PS colloidal
particle suspension is layered onto a water surface. (b) The colloidal
suspension spreads to form a 2-D close-packed CCA on the water
surface. (c) 2-D CCA flows onto a glass slide. (d) Monomer solution
is layered on the 2-D CCA on the glass slide and cross-linked or
polymerized to prepare hydrogel. (e) The 2-D PC hydrogel sensor is
peeled off the glass slide and then placed on a mirror surface that
reflects the bright 2-D array forward light diffraction. Reprinted from
ref 47. Copyright 2014 American Chemical Society.

Figure 4. Photograph of diffraction colors of a 2-D CCA (a) of ∼580
nm diameter PS colloidal particles on a mercury surface. White light
was incident at 30° from the normal. Reprinted from ref 40. Copyright
2011 American Chemical Society and (b) of 650 nm diameter PS
colloidal particles on a water surface.
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rapidly assembles; we fabricate >70 cm2 2-D PS arrays within
30 s (Figure 4a).43

We have used this approach to fabricate quasi-close-packed
2-D particle arrays for particle sizes between 90 nm to >2 μm in
diameter. For example, Figure 5a−c shows SEM images of close
packed 2-D arrays of 580 nm PS, 1000 nm PS, and 260 nm
SiO2 spheres, respectively. These 2-D arrays are easily
incorporated onto the surface of hydrogels by polymerizing
the hydrogel on top of the 2-D array on the Hg surface.26,38

The Hg density enables formation of a planar hydrogel film
above the 2-D CCA.
Although it is especially easy to prepare large area 2-D arrays

on Hg surfaces, the use of Hg is problematic due to its toxicity.
The transfer of 2-D arrays from Hg surfaces to other substrates
also requires some care. Therefore, we developed a more
convenient and safer method that fabricates even larger surface
area 2-D arrays on pure water surfaces.44

We use a needle tip flow method to layer a low surface
tension alcohol/water dispersion of colloidal particles onto a
water surface. The tip of an injection needle is placed in contact
with the water surface. A low surface tension water/propanol
PS suspension is slowly and continuously layered onto the
water surface. The colloidal suspension rapidly spreads to form
a monolayer hexagonal array of particles. The radial spreading
force drives the freshly formed particles from the needle tip
toward the water surface outer edge.
This spreading force results from the Marangoni effect in

which a lower surface tension liquid layered onto a higher
surface tension liquid surface causes the liquid surface to
retract.66,67 This resulting spreading causes a continuous 2-D
array monolayer to fill the entire water surface (>280 cm2) in
∼2 min (Figure 4b).44 The 2-D array is locally hexagonally
ordered and is quasi-close packed.
There are two ways to transfer the 2-D array onto substrate

surfaces. One way is to use immersed substrates to lift the 2-D
arrays off the water surface. Substrates can include flat or curved
glass slides, flat plastic sheets, and metal substrates.44,46 The
transferred 2-D array maintains its hexagonal close packed
ordering (Figure 5d). It is, however, challenging to transfer the
2-D array onto complex surfaces, such as the inside walls of
tubes by using this method.
We also developed a “climbing” method to coat complex

topologies with 2-D array monolayers.46 We find that if we wet
the surface of a substrate and insert this surface through the
monolayer 2-D array on the water surface, the 2-D array will
climb to coat the wet substrate. This 2-D array monolayer flow
appears to result from a surface pressure that results from the
surface tension gradient between the 2-D array and the
substrate water film surface. This spreading technique is able to
coat 2-D arrays onto arbitrarily shaped substrates, such as flat
glass slides and the inner walls of glass tubes, onto wet
hydrogels and onto flexible polymer films, patterned surfaces,
etc. (Figure 6).46 This approach allows us to easily attach 2-D
arrays to the surface of smart, responsive hydrogels. Once
attached, the array particle spacings change in an affine fashion
as the responsive hydrogel volume expands or contracts.

■ DIFFRACTION OF 2-D CCA
The back diffracted intensity of light from 2-D arrays of
dielectric particles is weak (<10%), as evident from the
photograph of a ∼650 nm diameter PS 2-D array monolayer on
a water surface (Figure 4b). In contrast diffraction in the
forward direction is strong. This leads to the bright Figure 4a
yellow diffraction of the 2-D PS particle array on the reflective
Hg surface. This reflection directs the forward diffracted light

Figure 5. SEM images of close packed PS 2-D arrays prepared on Hg
surfaces: (a) 580 nm PS, (b) 1000 nm PS, (c) 260 nm Si. Reprinted
from ref 43. Copyright 2011 American Chemical Society. (d) SEM
image of 580 nm PS prepared on water surface and then transferred
onto a glass substrate. Reprinted with permission from Zhang, J.-T.;
Wang, L.; Lamont, D. N.; Velankar, S. S.; Asher, S. A. Angew. Chem.,
Int. Ed. 2012, 51, 6117−6120 (ref 44). Copyright 2012 Wiley-VCH
Verlag GmbH. & Co. KGaA.

Figure 6. (a) Photograph of a dried 580 nm diameter PS 2-D array on
a glass slide; (b) SEM image of a 580 nm PS 2-D array on a glass slide.
(c) Photograph of a dried 580 nm diameter PS 2-D array inside a glass
tube. (d) Photograph of 580 nm diameter PS 2-D array on a PAAm
hydrogel and (e) photograph of 580 nm diameter PS 2-D array on a
chitosan hydrogel film. We used diverging white light and took these
photographs to observe the forward diffraction intensity. The
incidence angle of the light to the 2-D array normal varies across
the samples, causing the observed diffraction wavelength color
gradient. The polyacrylamide hydrogel was polymerized on top of a
polyacrylamide gel support film (2.4 cm × 6 cm) by polymerization of
0.5 mL of a solution of acrylamide (10 wt % in water) and N,N′-
methylenebis(acrylamide) (0.2 wt % in water). The chitosan film was
fabricated by evaporation of a 15 mL chitosan (CS, 2 wt %) solution in
a 1 wt % acetic acid aqueous solution in a 10 cm diameter plastic dish.
The dried film was washed with 0.4 M aqueous NaOH to neutralize
the acid and then washed with water. The 2-D arrays were coated onto
the PAAm hydrogel and the CS films by inserting these wet hydrogel
films through the 2-D array water surfaces. Reprinted with permission
from Zhang, J.-T.; Wang, L.; Chao, X.; Velankar, S. S.; Asher, S. A. J.
Mater. Chem. C 2013, 1, 6099−6102 (ref 46). Copyright 2013 Royal
Society of Chemistry.
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back to the observer.41 Thus, we generally use a mirror behind
the 2-D array sensors to reflect back the bright 2-D CCA
forward diffracted light. The reflection of the forward diffracted
light combined with the reflection of the undiffracted incident
light (zero order diffraction), which then is forward diffracted
and results in a net incident light 70−80% diffraction efficiency.
In contrast to the single wavelength diffraction from each set

of planes of a 3-D array, the 2-D array diffracts all wavelengths
simultaneously into specific angles. At fixed incidence and
diffracted angles, the 2-D array diffracted wavelength is
proportional to the 2-D array particle spacing. In a Littrow
configuration, the incident light propagates parallel to the
measured back diffracted light. The 2-D array Littrow Bragg
diffraction condition on a mirror surface is mλ = 31/2d sin θ,
where m is the diffraction order, λ is the wavelength of
diffracted light in air, d is the nearest neighbor particle spacing,
and θ is the angle between the incident light and the 2-D array
normal. The 2-D array spacing changes as the hydrogel swells
or shrinks, which shifts the diffracted λ. We utilize the Littrow
configuration and determine the diffraction wavelengths at a
certain angle by using an Ocean Optics USB2000-UV−vis
spectrometer with a reflection probe. The particle spacing then
can be calculated from the maximum diffracted wavelength
using the Littrow Bragg condition equation. The responsive
hydrogel volume directly and quantitatively reports on the
analyte concentration.
Alternatively, we can determine the 2-D array particle spacing

by simply measuring the Debye diffraction ring diameter.41,45

As illustrated above, a perfectly ordered single-crystal 2-D array
diffracts normally incident monochromatic light into six
diffraction spots that correlate to the six reciprocal lattice
vectors of the hexagonal array (Figure 2). In contrast,
orientationally disordered microcrystalline 2-D arrays diffract
normally incident monochromatic light into a ring (Figure 7a).
The ring diffraction angle, α, depends upon the particle
spacing: d = 2λlaser/(3

1/2 sin α), where d is the particle spacing
and λlaser is the wavelength in air of the laser pointer light
(Figure 7b). The diffraction angle α can be determined from
the Debye diffraction ring diameter, D: α = tan−1 (D/2h),45

where h is the distance of the ring image from the 2-D array.
We thus can monitor the 2-D particle spacing:47

λ
=

+
d

D h
D

4 ( /2)
3

laser
2 2

We can easily determine the analyte concentration by
measuring the spacings of the 2-D arrays embedded on the
sensing hydrogels. For example, we used the Debye ring
diffraction to measure the 2-D array particle spacing in a
responsive hydrogel sensor for the protein avidin.45 We
prepared this avidin responsive hydrogel by synthesizing a
hydrogel that contains biotin functional groups. Avidin strongly
binds up to four biotins, which results in hydrogel cross-links
that shrink the hydrogel. The Debye ring diameter determined
particle spacing d decreases from 2290 to 1710 nm when the
avidin concentration increases from 0 to 1 mg/mL (Figure
7c).45 Using this method, one can determine the analyte
concentrations with only a ruler and laser pointer, eliminating
the need for a spectrometer.

■ MECHANISMS OF PC SENSOR RESPONSE
Our PC sensor technologies utilize diffraction from either 3-D
or 2-D arrays of colloidal particles embedded within or on top
of responsive hydrogels, to report on the hydrogel
volume.17−24,26,68−70 The volume of these hydrogels swell or
shrink in response to specific analyte concentration changes.71

The hydrogel volume phase transitions (VPT) result from
osmotic pressures, Π, that are generated within the hydrogel.
The total osmotic pressure is equal to the volume derivative of
the Gibbs free energy difference between the existing hydrogel
volume and the hydrogel equilibrium volume.

∂Δ ∂ = ∏

= ∂ ∂ Δ + Δ + Δ

= ∏ +∏ +∏

G V
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/

/ [ ]

T T

M I E

M I E

As discussed by Flory,71 the change in the total free energy of
a hydrogel results from changes in the free energies associated
with the free energy of mixing, ΔGM, the free energy associated
with electrostatic interactions, ΔGI, and the elastic free energies
contributed by cross-links in the hydrogel, ΔGE. A change in
the analyte concentration alters the equilibrium hydrogel

Figure 7. (a) Photograph of Debye ring resulting from diffraction of green laser light by 2-D PC sensor; (b) illustration of Debye diffraction ring
measurement. h is the distance between the 2-D array plane and the screen. D is the diameter of the diffraction ring on the screen. The diffraction
angle, α, can be calculated from tan α = D/2h; (c) dependence of 2-D array spacing in biotin hydrogels on avidin concentration in water. Reprinted
with permission from Zhang, J.-T.; Chao, X.; Liu, X.; Asher, S. A. Chem. Commun. 2013, 49, 6337−6339 (ref 45). Copyright 2013 Royal Society of
Chemistry.
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volume, due to generation of osmotic pressures that force the
hydrogel volume to evolve until it reaches equilibrium, where
ΠT equals zero. Equilibrium occurs when the osmotic pressure
associated with mixing, ΠM, the electrostatic osmotic pressure,
ΠI, and the elastic restoring force osmotic pressure, ΠE, balance
one another.

Changes in the free energy of mixing can derive from
changes in the chemical structure of the hydrogel exposed to
water. Subtle changes in chemical structure can give rise to
large hydrogel volume changes. For example, we demonstrated
that a hydrogel containing azobenzene molecules (3 mM
effective concentration) swells when the azobenzene is
photochemically isomerized from the trans to the cis form;
the cis form has a more favorable free energy of mixing.72

Larger changes in ΔGM occur due to charge localization even in
high ionic strength solutions, as we demonstrated with our
creatinine sensors and organophosphorus sensors.23,24

In this regard, changes in the ionic state of the hydrogel cause
changes in both the free energy of mixing and the electrostatic
free energies. The volume changes in response to formation of
attached charged species can be very large in low ionic strength
solutions due to a large Donnan potential. The contribution
from the ionic free energy change is decreased in high ionic
strength samples such as body fluids. Often it is possible to
reduce the ionic strengths of the sample solutions21,22 to
maximize these large ionic free energy changes, ΔGI.
Changes in the elastic free energy, ΔGE, result from changes

in the cross-link density that result from making or breaking
linkages between polymer chains. These cross-links derive from
covalent bond formation or association phenomena, such as
cluster formation or hydrogen bonding. These elastic free
energies have entropic origins, because they derive from
hydrogel chain conformation constraints.71

We previously developed a 3-D PC metal cation sensing
material that utilized 8-hydroxyquinoline as a recognition group

Figure 8. (a) Bis-bidentate complex formation between glucose (in
furanose form) and two boronates stabilized by poly(ethylene glycol)-
Na+ complex. Reprinted from ref 20. Copyright 2003 American
Chemical Society. (b) Digital photograph of our glucose sensing
photonic crystal at different concentrations of glucose.

Figure 9. (a) pH dependence of the diffraction wavelength of the 580 nm PS particle 2-D array PAAm-AAc hydrogel sensors after equilibration in
solutions containing 150 mM NaCl. The inset shows the optical photograph of 2-D array sensor showing the colors of the 2-D PS array hydrogels at
pH 3.2 and 7.2. The measurement angle between the probe and the normal to the 2-D array is 38°. Reprinted from ref 40. Copyright 2011 American
Chemical Society. (b) Diffraction spectra of 2-D array Chitosan hydrogel films at pH 7 and pH 5. The measurement was carried out in a Littrow
configuration with a ∼32° measurement angle between the probe and the normal to the 2-D array. (c) Photograph showing the 2-D PS array
chitosan hydrogel colors at pH 7 and 5, taken at an angle of 32° to the 2-D array normal showing the 2-D PS array CS hydrogel colors at pH 7 and 5.
The 2-D array hydrogels were placed on an Al mirror. Reprinted with permission from Zhang, J.-T.; Wang, L.; Lamont, D. N.; Velankar, S. S.; Asher,
S. A. Angew. Chem., Int. Ed. 2012, 51, 6117−6120 (ref 44). Copyright 2012 Wiley-VCH Verlag GmbH & Co. KGaA. (d) Diffraction of 490 nm PS 2-
D PNIPAAm sensor at different SDS concentrations. The inset shows the color changes at different SDS concentrations. This photograph was taken
close to the Littrow configuration at an angle of 28° between the source and camera to the 2-D array normal. Reprinted from ref 48. Copyright 2011
American Chemical Society.
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for metal cations. Multiple hydrogel 8-hydroxyquinoline side
chains bind to individual Cu2+, Co2+, and Zn2+.26 This chelation
increases the effective number of hydrogel cross-links causing
the diffraction shifts that sensitively monitor the metal cation
concentrations. We also developed a glucose sensor where two
pendent phenylboronic acid groups attach to glucose to form
cross-links that shrink the hydrogel and blue shift the diffraction
as the glucose concentration increases (Figure 8).20 The
glucose sensor diffraction color changes from red to blue with
increasing glucose concentrations (Figure 8b).

■ DEVELOPMENT OF 2-D PC SENSORS
Development of 2-D PC pH, Surfactant, Pb2+, and Con

A Sensors. Our first 2-D array PC sensor hydrogel utilized
titratable carboxylates to sense pH (Figure 9a).40 A 580 nm
diameter PS particle 2-D CCA was fabricated on Hg. This was
followed by polymerizing a solution of acrylamide, acrylic acid,
N,N-methylenebis(acrylamide) and Irgacure 2959 onto the 2-D

array on the Hg. A glass slide was placed on top of this
polymerization solution on the 2-D array in order to create a
thin hydrogel film. After UV polymerization, the resulting 2-D
array hydrogel film was removed from the Hg surface by lifting
the glass slide. The hydrogel was released from the glass slide
upon washing with water.
Figure 9a shows the pH dependence of the wavelength of the

diffraction maximum of this pH sensor in a solution containing
150 mM NaCl. As shown in Figure 9a, the diffraction red-shifts
from 620 to 668 nm between pH 3.22 and pH 7.91 as the
carboxyl groups ionize. The color change is clearly visually
evident (Figure 9a, inset). The diffraction shifts from red into
the near IR, which makes the diffraction invisible to the human
eye. Carboxyl group ionization increases the free energy of
mixing, which swells the hydrogel. In addition, the carboxylate
anions immobilize counterions within the hydrogel. Because of
the large solution ionic strength, this results in a modest
Donnan potential which modestly contributes to swelling the
hydrogel. These pH diffraction shifts are fully reversible over
multiple pH cycles.40

Another pH sensing 2-D PC hydrogel was fabricated by
cross-linking chitosan with glutaraldehyde. Chitosan (CS, 2 wt
%) dissolved in a 1 wt % acetic acid aqueous solution was
layered onto a 2-D particle array on a glass slide. We evaporated
the solvent, washed the CS film with aqueous NaOH, and
cross-linked it by using a 0.5 wt % aqueous glutaraldehyde
solution.44

Figure 9b shows the CS 2-D PC diffraction spectra for pH 7
and pH 5 solutions. The 535 nm diffraction maximum at pH 7
redshifts to 645 nm at pH 5. The CS hydrogel is more swollen
at pH 5 because of protonation of NH2 groups (pKa = 6.2),
which results in a more favorable free energy of mixing with
water and also a Donnan potential. This CS hydrogel swelling
increases the 2-D array particle spacing, which red-shifts the
diffraction. Figure 9c photograph clearly shows the resulting red
and green diffracted sensor colors.44

We fabricated hydrophobic hydrogel 2-D PC sensing
materials that bind hydrophobic molecules in water.48 We
embedded a 490 nm diameter PS 2-D CCA onto a relatively
hydrophobic poly(N-isopropylacrylamide) (PNIPAM) hydro-
gel copolymerized with t-butyl acrylate. Figure 9d shows that
this responsive hydrogel binds the anionic surfactant SDS,
which causes the hydrogel to swell, which increases the 2-D
array particle spacing, which red shifts the 2-D diffraction.48

Figure 9d inset shows the visually evident color changes from
blue to green, to orange, and then red as the SDS concentration
increases. The bound SDS localizes charge on the hydrogel
which localizes counterions and causes a Donnan potential
which induces swelling. In addition, the sulfate anions give rise
to a more favorable free energy of mixing that contributes to
the swelling.
We fabricated a 2-D sensing material for determining Pb2+ by

incorporating the crown ether 4-acryloylamidobenzo-18-crown-
6 into an acrylamide hydrogel.43 This crown ether selectively
complexes Pb2+, which immobilizes counterion charges in the
hydrogel which creates a Donnan potential that causes sensor
swelling. The hydrogel volume increases as the number of
bound Pb2+ groups increase. Below 5 mM, the diffraction
linearly red-shifts with increasing Pb2+ concentrations. Above 5
mM, the response decreases due to the accompanying
increasing ionic strengths. The sensor selectivity is determined
by the selectivity for the crown ether for binding Pb2+.

Figure 10. (a) Dependence of normalized diffraction wavelength
maximum of the 2-D mannose hydrogel sensor upon the Con A
concentration in 0.1 M NaCl aqueous solutions that contain 1 mM
Ca2+ and 0.5 mM Mn2+. The diffraction spectrum is measured in a
Littrow configuration with an angle of ∼18° between the probe and
the 2-D array normal. The inset shows photographs taken in the
Littrow configuration where the camera lens axis is at an angle of ∼18°
from the normal. (b) Con A, Ricin, and BSA protein concentration
dependence of the particle spacing of the 2-D mannose hydrogel
sensor. Reprinted from ref 49. Copyright 2014 American Chemical
Society.
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Carbohydrate recognition was used to develop a sensor for
the lectin protein concanavalin A (Con A).49 We copoly-
merized an allyl-modified mannose, acrylamide, and acrylic acid
hydrogel onto a PS 2-D CCA on a glass slide. Multiple
mannose simultaneously bind with high affinities to the Con A
protein73 forming cross-links that shrink the hydrogel.
The diffraction blueshifts from 604 to 555 nm as the Con A

concentration increases to 2 mg/mL (Figure 10a). These
unoptimized Con A sensors show 0.02 mg/mL (0.7 μM) Con
A detection limits, which could be improved by decreasing the
cross-linking concentration or fabricating thinner films. These
responsive hydrogels are fragile and are challenging to work
with. Visually the diffraction from this hydrogel shifts from red
to green as the Con A concentration increases. Figure 10b
shows that this mannose hydrogel selectively responds to Con
A and does not respond to proteins that do not bind mannose
such as bovine serum albumin (BSA) and another lectin
protein, Ricinus communis, which is a galactose specific lectin
protein.74

Development of 2-D PC Protein Hydrogel Sensors.We
recently developed novel responsive hydrogels fabricated from
gently cross-linked pure protein solutions.47 Globular proteins
in solutions were gently cross-linked with glutaraldehyde into
macroscopic hydrogels utilizing conditions that maintain the
individual proteins in their native conformations.47 Our first
protein hydrogels cross-linked bovine and human serum
albumins (BSA and HSA) that transport hydrophobic
molecules in the bloodstream. UV Raman measurements
showed that the cross-linked BSA and presumably the HSA
proteins in the hydrogels have essentially identical secondary
structures as the monomeric native proteins. In addition, the

binding site trp residues show essentially identical fluorescence
spectral changes, as do the native proteins on binding the
species discussed below. This indicates little perturbation of
ligand binding sites as expected from their very similar binding
affinities. However, the BSA and HSA protein hydrogels display
a new collective response in that the protein hydrogels show a
VPT in response to changes in the ionic state of the individual
proteins. Thus, the protein hydrogel volume can be used as a
Coulometer to sense the protein charge. For example, Figure
11a shows the dependence of the 2-D array spacing of our BSA
protein hydrogel sensor on pH. Figure 11b shows the
calculated pH dependence of the total and net charge of the
BSA protein, assuming normal side chain pKa values, while
Figure11c demonstrates the dependence of the absolute value
of the charge, |Q|, on pH.
Clearly, the pH dependence of the 2-D array particle spacing

of our BSA hydrogel sensor tracks that of the absolute value of
the protein net charge (Figure 11c). The number of positive
charges increases, whereas the number of negative charges
decreases when the pH of the phosphate buffer (PB) solution
increases from 2 to 5. From the protein charge dependence of
the 2-D array particle spacing, we calculate that between pH 2
and pH 4 that the BSA hydrogel sensor shows a responsivity of
∼8.2 nm/charge in 10 mM PB. A smaller ∼7.8 nm/charge
responsivity is obtained from pH 6 to pH 10.5 in 10 mM PB.
The decrease in the sensitivity at higher pH presumably arises
from the increase in the PB ionic strength. At 1 mM and 5 mM
lower concentrations of PB, the BSA hydrogel sensors show a
larger responsivity due to the decreased ionic strengths (Figure
11d).

Figure 11. (a) pH dependence of the particle spacing of the 2-D PC-BSA protein hydrogel in 10 mM PB. The inset shows photographs taken in the
Littrow configuration where the camera lens axis is at an angle of ∼20° from the normal. (b) Calculated pH dependence of the total charges and the
net charge. (c) Calculated pH dependence of BSA absolute value of net charge |Q|. (d) pH dependence of the 2-D array particle spacing of the 2-D
PC-BSA hydrogel sensors in PB at 1, 5, and 50 mM concentrations. Reprinted from ref 47. Copyright 2014 American Chemical Society.
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The 2-D PC-BSA protein volume dependence on pH derives
from its sensitivity to total net charge. This net charge
sensitivity is mainly due to the increased counterion
concentrations that gives rise to Donnan potentials, which
generate osmotic pressures that macroscopically swell the
protein hydrogel. The 2-D PC-BSA protein hydrogel shown
here works as a solution Coulometer to sensitively detect
changes in the net protein charge. Similar effects will occur if
the proteins bind charged species.
Figure 12a,b shows that the 2-D array particle spacing of the

BSA hydrogel sensor increases with increasing SDS concen-
tration. As shown in Figure 11d, the responsivity of the BSA
hydrogel sensor in 50 mM PB at pH 8 is calculated to be ∼5.5

nm/charge. Therefore, the large 354 nm particle spacing
increase with increasing SDS concentration from 0 to 4.83 mM,
is caused by binding of ∼64 SDS molecules to each BSA at the
free SDS concentration of 4.83 mM (Figure 12a). Likewise, at a
0.96 mM free concentration of SDS, we calculate that there are
∼14 SDS molecules bound to each BSA molecule (Figure 12b).
The present limit of detection of our BSA hydrogel 2-D array
PC sensor for SDS is 60 μM.
In addition, we made a comparison of the BSA hydrogel

binding between the anionic surfactant SDS and the cationic
surfactant dodecyltrimethylammonium bromide (DTAB),
which has an identical hydrocarbon chain length to that of
SDS, but has a different positively charged headgroup. Unlike
the monotonic swelling of the 2-D PC-BSA hydrogel sensor as

Figure 12. (a) Free SDS concentration dependence of 2-D array
particle spacing of the 2-D PC-BSA hydrogel sensor in ultrapure water
at pH 5.83 and in 50 mM PB at pH 8.0, respectively. (b) Low free SDS
concentration dependence and (c) free DTAB concentration depend-
ence of 2-D CCA particle spacing of the BSA hydrogel sensor in 50
mM PB at pH 8.0. The insets show photographs of the forward
diffraction taken with the camera along the normal and the source
below at an angle of 70° to the 2-D array normal. Reprinted from ref
47. Copyright 2014 American Chemical Society.

Figure 13. (a) Free picosulfate concentration dependence of particle
spacings of 2-D PC-BSA sensor hydrogel, (b) free salicylate, and (c)
free ibuprofen concentration dependence of particle spacings 2-D PC-
HSA hydrogel sensor in 50 mM PB at pH 8.0. Reprinted from ref 47.
Copyright 2014 American Chemical Society.
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a result of anionic SDS binding, the binding of cationic DTAB
to BSA first shrinks the hydrogel, which reaches a minimum at
free DTAB concentration of 4.97 mM, and then swells with
further increasing DTAB concentration (Figure 12c). This
phenomenon is exactly as expected for low concentrations of
DTAB. This is mainly because, in the BSA hydrogel sensor, the
BSA protein is negatively charged at pH 8; the binding of
cationic surfactant DTAB first decreases the absolute value of
net charge, causing the hydrogel to shrink. This decreases the 2-
D array particle spacing. Further binding of DTAB to BSA
increases the positive net charge, leading to the swelling of BSA
hydrogel.
Our 2-D PC-BSA/HSA Coulometer sensor also detects

charged drug-molecule binding in solution. For example, Figure
13a demonstrates the BSA hydrogel sensor detection of the
drug picosulfate. As the picosulfate concentration increases, it
increasingly binds to the BSA hydrogel and increases the 2-D
array particle spacing in 50 mM PB solution at pH 8. At the 8
μM concentrations measured, it is estimated that ∼0.5
picosulfate molecules bind per BSA molecule and that there
are ∼2 very high-affinity binding sites for picosulfate. The
roughly calculated association constant is 1.3 × 105. The further

increase in the particle spacings at higher picosulfate
concentrations imply the existence of other low-affinity binding
sites.
The 2-D PC-HSA protein sensor also binds salicylate, which

is one analgesic and antipyretic drug, and Ibuprofen (Figure
13b,c). A ∼3 nm increase in the 2-D array particle spacing
occurs for the ∼10 μM free drug measured. This 3 nm particle
spacing increase indicates that ∼half of the HSA molecules bind
each salicylate or Ibuprofen molecule (Figure 13b, c). HSA is
estimated to have ∼three high-affinity binding sites for both
salicylate and Ibuprofen with binding affinities of 1.2 × 10−5

M−1 in 50 mM PB.
The protein hydrogel PC sensors demonstrate a new

technological platform for the development of highly sensitive
and selective biosensors. This work enables us to use a wide
variety of proteins that selectively bind important chemical
species. We now are using protein hydrogels for developing
new sensing materials. In addition, we are utilizing protein
hydrogel ligand binding conformational transitions for sensing.

Development of 2-D Array Organogel Sensors.
Sensors based on responsive hydrogels are generally limited
to sensing analytes in primarily aqueous solutions. Due to the

Figure 14. (a) Molecular structure of EGP. (b) Stagnant air time dependence of ionic liquid 2-D photonic crystal (IL2-DPC) particle spacing
exposed to 0.5% relative humidity (RH) (black) and 52% RH (red). (c) Particle spacing of pHEMA IL2-DPC as a function of the mole fraction of
water directly added to EGP. The black line shows the particle spacing as the water concentration increases, while the red line shows the particle
spacings as the water concentration decreases. The upper abscissa shows the volume fraction of water in EGP corresponding to 0.2, 0.4, 0.6, 0.8, and
0.97 water mole fractions. (d) Dependence of the particle spacing of pHEMA IL2-DPC on water absorbed at different RH. The inset shows the
diffraction colors of IL2-DPC humidity sensors exposed to 0% RH (left) and 95% RH (right). The incident light from a flashlight was directed at
∼10° from the normal while the camera was held at ∼45° from the normal. The IL2-DPC were placed on a mirror so that the forward diffracted light
reflects back to the camera.41 (e) Particle spacing change for pHEMA IL2-DPC as a function of the water mole fraction in EGP. Water was either
directly added to EGP (red) or absorbed from air (black). Reprinted with permission from Smith, N. L.; Hong, Z.; Asher, S. A. Analyst 2014, 139,
6379−6386 (ref 50). Copyright 2014 Royal Society of Chemistry.
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high water vapor pressure, it is difficult to directly use these
sensors to monitor gas phase species. To extend our hydrogel
sensing motif applicability, the water mobile phase is replaced
with a low vapor pressure ionic liquid that will not evaporate.
Most recently, we developed responsive ionic liquid-polymer 2-
D PC sensors that can detect gases in the air.50

Ionic liquids have gained attention recently because of their
unique properties such as their thermal stabilities and their
negligible vapor pressures.38,75 Some ionic liquids have been
shown to be compatible solvents or cosolvents for the
polymerization of vinyl based monomers.76−78

We utilized the ionic liquid ethylguanidine perchlorate (EGP,
Figure 14a) as a cosolvent with water for polymerizing
transparent cross-linked poly(2-hydroxyethyl methacrylate)
(pHEMA)-based organogels. EGP, acting as the cosolvent,
decreases the solvent solubility parameter in a similar manner
to propylene glycol,79 thereby minimizing the difference
between the solvent and polymer solubility parameters. After
the organogel polymerization, the mixed solvent is replaced
with pure EGP. The pHEMA organogel in pure EGP swells due
to its very small Flory−Huggins interaction parameter, χ, that
results from the similar solubility parameters of pHEMA and
EGP.
The pure cross-linked pHEMA organogel volume depends

on the ionic liquid water content (Figure 14). Since EGP is
hydroscopic, this pHEMA organogel can function as a humidity
sensor (Figure 14d). Addition of water to EGP increases χ
because of the resulting increase in the mobile phase solubility
parameter. This causes the pHEMA organogel to shrink in
response to increasing water concentrations (Figure 14c). This
process is fully reversible.
The magnitude of the particle spacing change reports on the

mole fraction of water present (Figure 14e). An initial transient

swelling is observed for water concentration increases at short
time intervals (Figure 15). This transient swelling is caused by
the different diffusion constants of water and EGP through the
organogel. After fast transport of water into the organogel, the
network then relaxes to its equilibrium volume as the water
concentration equilibrates during the slower diffusion of the
larger ionic liquid.
The pHEMA polymer was modified for sensing ammonia gas

by polymerizing a pH sensitive interpenetrating network (IPN)
of acrylic acid within the pHEMA network. Ammonia absorbed
into EGP reacts with the acrylic acid carboxyl groups, forming

Figure 15. Time dependence of IL2-DPC particle spacing for flowing
air. (a) Swelling of organogel exposed to 70% RH. (b) Swelling for
water directly added to EGP (black diamonds) and for EGP directly
added to EGP/water mixture (red triangles). Reprinted with
permission from Smith, N. L.; Hong, Z.; Asher, S. A. Analyst 2014,
139, 6379−6386. Copyright 2014 Royal Society of Chemistry.

Figure 16. (a) Dependence of particle spacing of IPN-IL2-DPC on air
ammonia concentrations The black diamonds indicate the particle
spacing as the ammonia concentration increases, while the red squares
indicate the particle spacing as the ammonia concentration decreases.
The inset shows the diffraction colors of IPN-IL2-DPC ammonia
sensor exposed to 0 ppm (left) and 162 ppm (right) ammonia. The
IPN-IL2-DPC were placed on a mirror so that the forward diffracted
light reflects back to the camera.41 (b) The time dependence of the
particle spacing change, (d − do) for IPN-IL2-DPC exposed to 10 ppm
of NH3 (black diamonds) and 90 ppm of NH3 (red triangle). (c)
Particle spacing change during the first 15 min. Initial time
dependence of particle spacing change for 10 and 90 ppm of NH3.
Reprinted with permission from Smith, N. L.; Hong, Z.; Asher, S. A.
Analyst 2014, 139, 6379−6386 (ref 50). Copyright 2014 Royal Society
of Chemistry.
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anionic carboxylates in the organogel. Unlike in water based
hydrogel systems, where localization of charge creates a
Donnan potential, the high ionic strength ionic liquid organogel
shows a negligible Donnan potential. Instead, the charged
carboxylate anions make the free energy of mixing of the
organogel with the ionic liquid more favorable causing the
organogel to swell.
The organogel swells in response to the decreased Flory−

Huggins interaction parameter as shown in Figure 16. The inset
shows the visually evident color changes associated with
increasing ammonia exposure. The ammonia sensor in a 2 mL
EGP reservoir is very sensitive to low concentrations, having an
easily measurable 25 nm particle spacing change for exposure to
only 3 ppm ammonia for 24 h in stagnant air conditions.
However, this process is not reversible since the equilibrium lies
far toward ammonium and carboxylate. The sensor therefore
acts as a dosimeter.
The ammonia concentration can also be determined from

the rate of the particle spacing change as shown in Figure 16b,c
that shows the response in flowing air. The transport rate of
ammonia into the ionic liquid depends on the concentration of
ammonia at the sensor surface, which for flowing air is not
depleted because the air is constantly being replaced. The
sensor becomes saturated once all the organogel carboxyl
groups are deprotonated. The time to reach saturation for an
organogel in a 0.25 mL EGP reservoir is reduced in flowing air
to about 200 min, compared to about 24 h for the stagnant
condition. Despite the long equilibration time, a slope that is
indicative of the ammonia concentration can be calculated after
only 15 min (Figure 16c). The long time for saturation results
from the requirement that the 0.25 mL reservoir of EGP
equilibrates and that the diffusion constant is slowed by the
viscous ionic liquids. The response rate of these organogel
sensors will be increased by minimizing the reservoir volume
and by choosing less viscous ionic liquids. Alternatively, thinner
films will also increase the response rate as the distance the
molecules must diffuse decreases.

■ CONCLUSIONS
We invented facile methods to fabricate 2-D CCA on liquid
surfaces that can then be attached onto responsive hydrogel
and organogel materials. These materials function as 2-D array
photonic crystal sensors. The responsive hydrogel or organogel
materials undergo volume changes in response to analytes that
change the 2-D particle spacings. These 2-D arrays show very
bright forward light diffraction that sensitively reports on 2-D
array spacings. The visually evident diffraction wavelength can
be determined visually, with a spectrometer, or by measuring
the diffraction angles using a laser pointer. We fabricated pH
sensors, Pb2+ sensors, humidity sensors, surfactant sensors,
charged drug sensors, lectin protein sensors, and ammonia
sensors.
The 2-D PC sensing technology is easily and inexpensively

fabricated to sense a wide variety of analytes. The diffraction
readout indicates the concentration of analyte. The color
change of the 2-D PC sensors are angular dependent. This 2-D
PC sensing technology is portable, simple, novel and can
selectively sense many analytes with relatively high sensitivity.
There are many approaches to developing selectively
responsive hydrogels and organogels. We pioneered a novel
approach to cross-link proteins into hydrogels for sensing
species that selectively bind to these proteins. The selective
binding of charged species to these proteins was utilized to

induce protein hydrogel volume phase transitions that swell or
shrink the protein hydrogel and change the spacings of the
attached 2-D array. The 2-D array spacings shift the diffraction
and can easily be used to monitor analyte concentrations. We
are developing protein hydrogel sensing materials that utilize
protein conformational changes and 2-D organogel sensors that
utilize low vapor pressure ionic liquids as their mobile phase in
order to sense gas phase analytes.
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